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Label-free Raman hyperspectral 
imaging analysis localizes the 
cyanogenic glucoside dhurrin to the 
cytoplasm in sorghum cells
Philip Heraud1,2, Max F. Cowan3, Katarzyna Maria Marzec  4,5, Birger Lindberg Møller  6,7, 
Cecilia K. Blomstedt3 & Ros Gleadow  3
Localisation of metabolites in sorghum coleoptiles using Raman hyperspectral imaging analysis was 
compared in wild type plants and mutants that lack cyanogenic glucosides. This novel method allows 
high spatial resolution in situ localization by detecting functional groups associated with cyanogenic 
glucosides using vibrational spectroscopy. Raman hyperspectral imaging revealed that dhurrin was 
found mainly surrounding epidermal, cortical and vascular tissue, with the greatest amount in cortical 
tissue. Numerous “hotspots” demonstrated dhurrin to be located within both cell walls and cytoplasm 
adpressed towards the plasmamembrane and not in the vacuole as previously reported. The high 
concentration of dhurrin in the outer cortical and epidermal cell layers is consistent with its role in 
defence against herbivory. This demonstrates the ability of Raman hyperspectral imaging to locate 
cyanogenic glucosides in intact tissues, avoiding possible perturbations and imprecision that may 
accompany methods that rely on bulk tissue extraction methods, such as protoplast isolation.
Leaf composition in the past has typically been analysed by homogenizing whole leaves, or parts of leaves, remov-
ing the ability to distinguish between relative changes in composition of the different cell types present and rely on 
the assumption that the leaves are uniform in the distribution of chemicals across the leaf blade (e.g.1–3). However, 
plant constituents are typically distributed differently within leaves, and within or between species, such that 
plant plasticity and performance are enhanced4,5. Herbivores, for example, may eat specific parts of leaves, not 
entire leaves6. Localisation of specific metabolites can be determined microscopically using stains that identify 
particular functional groups, or by isolating different tissues or cell types for chemical analysis, e.g. using laser 
dissection7 or protoplast isolations8.
New methods for “tissue fingerprinting” are being developed e.g. based on Fourier-transform infrared 
microspectroscopy or mass spectrometry based bioimaging3,6,9,10. While powerful, these methods are dependent 
on fixing and preserving the plant materials. Raman microspectroscopy is a new technique that offers chemical 
information on the constituents present at high spatial resolution with microscopic samples analysed directly 
in situ without the need for fixing and prior chemical treatments11,12. It has been applied in studies to detect a 
range of analytes in biological tissues13–15.
An important feature of Raman spectroscopy is that is it able to detect nitrile groups characteristic of cyano-
genic glucosides16. Cyanogenic glucosides are an important group of specialized metabolites that are hydrolysed 
with concomitant release of toxic hydrogen cyanide when mixed with specific β-glucosidases. This property ren-
ders cyanogenic glucosides effective as defence compounds against generalist herbivores17. In the intact plant, 
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cyanogenesis is prevented by spatial separation at the organelle or tissue level of cyanogenic glucosides and the 
specific β-glucosidase enzymes required for their hydrolysis with the actual arrangement varying between spe-
cies18. Accordingly, disruption of this spatial separation e.g. by a chewing insect results in release of toxic hydro-
gen cyanide18. The C≡N triple bond in cyanogenic glucosides gives rise to characteristic Raman spectra, with a 
band at approximately 2240–2250 cm−1 originating from the stretching vibration of the ν(C≡N) mode, with the 
exact wavelength depending on the specific cyanogenic glucoside16.
In this study, our aim was to investigate whether we could determine the in situ localization of dhurrin in devel-
oping sorghum tissue and image its concentration and distribution. We mapped the tissue using a Raman spec-
trometer and generated Raman hyperspectral images19, based on spatial position and spectral information related 
to dhurrin. To confirm the efficacy of the method, we compared Raman hyperspectral images showing the relative 
concentration and distribution of dhurrin in sorghum plants with normal dhurrin production (Sorghum bicolor L. 
Moench), with sorghum mutants that do not produce dhurrin20. These totally cyanide deficient (tcd1) mutants have 
a mutation that results in a non-functional form of the cytochrome P450 enzyme CYP79A1 that catalyses the first 
step of the biosynthetic pathway and offers an ideal negative control. Micklander, et al.21 used Raman spectroscopy 
to compare the concentration of the cyanogenic glucoside, amygdalin, in ground endosperm of bitter and sweet 
almonds (Prunus amygdalus). Raman has also been used to map the distribution of amygdalin in apricot kernels 
(Prunus armeniaca) but relied on an embedding technique22. Early studies to determine the localization of dhurrin 
in sorghum in the 1970s isolated protoplasts from the leaves and separated epidermal and mesophyll cells using den-
sity gradient centrifugation8,23. These studies determined that dhurrin was almost exclusively found in the vacuole of 
the epidermal cells of the leaf blade. Here, we combine Raman microspectroscopy with multivariate image analysis 
creating Raman hyperspectral imaging to visualize the concentration and distribution of cyanogenic glucosides in 
planta at sub-cellular spatial resolution, without the need for stains or chemical fixatives.
Results and Discussion
Raman spectroscopy of pure dhurrin. We measured the Raman spectrum of chemically synthesised dhur-
rin24 to be able to recognize and confirm spectral features characteristic of biogenic dhurrin in spectra from plant 
tissue hyperspectral image data. The spectrum of dhurrin (Fig. 1) has a band profile similar to other published 
Raman spectra of cyanogenic glucosides, such as amygdalin21,22. Prominent and common to dhurrin and all other 
cyanogenic glucosides is the band at 2245 cm−1 from the nitrile moiety (ν C≡N; Table 1). This band constitutes an 
unmistakable marker of cyanogenic glucosides, as the band occurs in an otherwise “quiet” region of the biological 
spectrum that is not populated by other bands of biological origins. Other prominent bands in the dhurrin spectrum 
included those at 3065 cm−1 and 856 cm−1 from out of plane stretching and bending modes of aromatic C-H groups, 
respectively, and the prominent aromatic C-C stretching mode at 1617 cm−1. Although not unique to cyanogenic 
glucosides and found in the spectrum of other cell components, such as the phenolic lignin polymer of the cell wall, 
these bands from the C-C and C-H groups are very strong in the spectrum of cyanogenic glucosides and are likely to 
be observed together with the band from the nitrile moiety if dhurrin is present in the plant tissue.
Cyanide potential (HCNp) of sorghum coleoptiles. We used bulk measurements to confirm that 
the tcd1 sorghum mutant used as control was acyanogenic. Dhurrin concentration (measured as HCNp) was 
5.5 mg g−1 of the dry mass in the coleoptiles of wild type S. bicolor (0.6% dry mass). This is several-fold higher 
than HCNp for older green seedlings reported in the literature25,26 but matches the 6 mg g−1 reported for etiolated 
coleoptiles27. The very high concentrations (35% dry mass) reported by Halkier and Møller27 are for the proximal 
end of the coleoptile, where most of the dhurrin in located, whereas here we used entire shoots. Hydrogen cyanide 
release was detectable from the tcd1 mutant seedlings, albeit in very low concentrations (<0.2 mg g−1; Table 2); 
tcd1 plants have a mutation in the CYP79A1 enzyme catalysing the first step in dhurrin synthesis, which results 
in loss of catalytic activity20. Formation of the mutated CYP79A1 protein is however not blocked, resulting in a 
small amount of residual activity as previously observed in this mutant20.
Figure 1. Raman spectrum of dhurrin using 532 nm excitation with 0.5 mW of laser power for 2 sec. The major 
bands attributed to dhurrin and their functional group vibrations and band positions (in cm−1) are highlighted 
(see Table 1 for explanation of how bands are assigned).
www.nature.com/scientificreports/
3SCiENTiFiC RePoRts |  (2018) 8:2691  | DOI:10.1038/s41598-018-20928-7
Tissue location of dhurrin using Raman imaging. The anatomy of the coleoptile of the germinating 
seedlings seen in cross-section was as previously described28. The developing leaves are encased in a parenchy-
matous cortex, surrounded by an epidermis (Fig. 2a; Supplementary Fig. S1). Two vascular strands (presumptive 
vascular bundles) that run along the length of the cotyledon are located in the middle of the cortex, and can be 
seen in cross section laterally to the central, developing primary leaf.
We employed hyperspectral imaging as a new approach to locate the cyanogenic glucoside dhurrin in the 
coleoptile tissue of sorghum at sub-cellular spatial resolution. Previous non-imaging approaches were dependent 
on the use of bulk material. In early work23,29, information about the cellular location of cyanogenic glucosides in 
sorghum was obtained by isolating protoplasts from leaves and separating epidermal and mesophyll cells using 
density gradient centrifugation. This work demonstrated that dhurrin was predominantly stored in the epider-
mal cells. Complimentary to this finding, the β-glucosidase enzyme, dhurrinase, responsible for breaking down 
dhurrin to release HCN, was found in these studies to be in the mesophyll8,29,30.
A sophisticated way to determine molecular distribution patterns from hyperspectral imaging data is to employ 
multivariate data analysis clustering approaches. We used K-means cluster analysis (KMC22), to show the location 
of groups of similar spectra in the Raman maps. KMC group spectra are based on spectral similarity. We found that 
four clusters were sufficient to define the biological molecular distribution information in the maps. Specification 
of additional clusters resulted in definition of the fluorescence background and of noise components in the spectra. 
Micrographs of the sorghum coleoptile section indicate the region of the section containing epidermal and under-
lying cortical cells where Raman mapping was performed (Fig. 2a,b). KMC mapping in the sorghum coleoptile, 
defined by the colours green, blue, grey-green and red, indicate the position of spectra from four clusters (Fig. 2c).
The average spectra from the four clusters are shown in Fig. 2d. Three of the clusters coded green, blue and 
grey-green indicate regions of decreasing dhurrin concentration shown by the intensity 2249 cm−1 band assigned 
to δC≡N from dhurrin. The average spectra of the four clusters are adjusted to show identical peak areas for the 
C-H stretching region (2800–3015 cm−1) to facilitate visual comparisons of the profiles. The different amplification 
factors used is apparent from the differences in the background noise level. As stated above, in absolute values the 
intensity of the 2249 cm−1 band thus shows significant decreases going from the green via blue to the grey-green 
spectrum. The green coded cluster spectra also exhibited higher intensity for the bands at 3065 and 867 cm−1 from 
C-H stretching and bending (νC-H and δC-H) modes observed in spectrum of dhurrin (Fig. 1) corroborating the 
view that this cluster identifies regions where dhurrin concentration is at its highest. The fourth cluster identified 
by KMC analysis is coded by a red colour and represents the distribution of carotenoids, with the bands at around 
1164 cm−1 and 1530 cm−1, assigned to C-C and C=C vibrations of carotenoids, respectively (Fig. 2c,d).
Chemical mapping (Fig. 2e–j) was carried out on the same tissue region of the sorghum coleoptile as used 
for cluster mapping (Fig. 2c). The Raman mapping intensity of the bands from C-H stretching vibrations in the 
spectral region from 3050 to 2800 cm−1 is related to the concentration of all organic constituents present in the 
sample (Fig. 2e), and demonstrates that the highest concentration of constituents is found at the periphery of 
the cells. This correlates with the position of the cell walls in the visible image (Fig. 2a). In the visible images, the 
cytoplasm was observed adpressed towards the plasmamembrane and thus in close proximity to the cell wall (see 
Supplementary Fig. S1), implying that scattering from constituents in the cytoplasm may have contributed to the 
image (Fig. 2e). The lack of scattering from the interior regions of most cells in this map is consistent with the 
Wavenumber (cm−1) Band Assignment (strength of band)
865 δ C-H (s)
1000 δ C-C (w)
1085 δ C-C (w)
1130 δ C-C (m)
1177 δ C-C (m)
1620 νC-C
2245 νC≡C (s)
2820 νC-H from aromatic groups (w)
2906 νC-H from aromatic groups (s)
2933 νC-H from aromatic groups (s)
2954 νC-H from aromatic groups (s)
3065 νC-H from aromatic groups (m)
Table 1. Assignment of the prominent bands labelled in the dhurrin spectrum (Fig. 1). δ denotes a bending 
vibration and ν denotes a stretching vibration. The strength of the bands is indicated by the letters: s (strong);  
m (medium); and, w (weak)21.
Line HCNp (mg g−1 dwt)
S. bicolor (WT) 5.5 ± 0.2
tcd1 0.18 ± 0.01
Table 2. Hydrogen cyanide potential (HCNp) of coleoptiles of Sorghum bicolor in wildtype and the tcd1 
mutant. Values are the mean of 8 replicates ±1SE.
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presence of a large central vacuole. Surprisingly no dhurrin signal was observed from the vacuole which in previ-
ous studies had been pointed out as the main storage site for dhurrin in sorghum23,29. The distribution of carote-
noids is revealed by the intensity of the two strong bands at 1164 cm−1 and 1530 cm−1 (Fig. 3f,g). Hotspots in the 
distribution correlate well with the pattern shown by the red cluster in Fig. 2c. Figure 2h–j show the intensity of 
strong bands consistent with the spectrum of dhurrin (Fig. 1). The map of intensity at 2245 cm−1 (Fig. 2j) indicates 
best the distribution of dhurrin, as this band is unique to dhurrin whereas the band at 867 (Fig. 2h) may also be 
assigned to cell wall components such as lignin. Nevertheless, all three maps show a similar intensity distribution 
Figure 2. (a) Micrograph of toluidine blue stained cross section of the wildtype sorghum coleoptile. (b) 
Visible image from Raman microscopy of lower right-hand area of section showing epidermis and cortical 
cells with the investigated area of 137 × 119 μm as marked on panel a. (c) The KMC results, with the average 
Raman spectra for the main classes, including highest (green), medium (blue) and lowest (grey green) dhurrin 
content and the highest content of carotenoids (red). Raman intensities were normalized for C-H stretching 
region (2800–3015 cm−1) in order to compare the dhurrin content in different classes. (d) Assignment of bands; 
(e–j). Integration Raman maps obtained with a sampling density of 1 µm were made for the following. (e) 
C-H stretching band in the region of approx. 2800‒3050 cm−1 showing organic constituents present. (f,g) The 
bands at around 1164 cm−1 and 1530 cm−1, assigned to C-C and C=C vibrations of carotenoids, respectively. 
(h–j) The strongest bands of the dhurrin observed at 867, 1613 and 2249 cm−1, respectively. The yellow 
colour corresponds to the highest relative intensity of the integrated band. All material was prepared using 
cryosections.
www.nature.com/scientificreports/
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to the green cluster (Fig. 2c) with obvious “hotspots” in many locations with greatest intensity surrounding cor-
tical cells and less around epidermal cells and in the cuticle. The “hotspots” identified with dhurrin in Fig. 2j also 
corresponded to the highest intensity area in the map for organic constituents present (Fig. 2e) presumably due 
to the very intense band from dhurrin in the spectral range 3050–2800 cm−1 (Fig. 1) and the high concentrations 
found in these regions. Indeed, the existence of highly concentrated regions containing dhurrin strongly suggests 
that these represent original tissue locations in the intact tissues and were not the result, for example, of dhurrin 
being redistributed during histological sectioning. A very similar distribution for dhurrin shown in Fig. 2c and j 
was observed in all wildtype coleoptile tissues that were examined (Data available on request).
Cluster mapping also identified regions of high dhurrin concentration in the developing vascular strands of 
the sorghum coleoptile shown by the intensity hotspots for the green cluster (Fig. 3c). This pattern was observed 
in all seedlings examined. The location of these intensity hotspots was correlated with intensity hotspots for the 
bands at 2245, and 867 cm−1 assigned to dhurrin in the chemical maps (Fig. 3h,j). Spectra from the vascular tissue 
exhibited a poorer signal to noise ratio than those from the epidermis and underlying cortical tissue, presumably 
due to greater light scattering. This was overcome to some extent by using increased laser power in these measure-
ments, but restricted by the need to avoid burning of the sample. Interestingly, the regions of high concentration 
were predominantly in the interior part of the vascular bundle, with respect to the coleoptile, corresponding with 
the location of the presumptive phloem (Supplementary Fig. S1).
Figure 3. (a) Micrograph of toluidine blue stained cross section of the wildtype sorghum coleoptile. (b) Visible 
image from Raman microscopy of the central area of the section showing the vascular bundle region with the 
investigated area of 42 × 24 μm as marked on panel a. (c) The KMC results, with (d) the average Raman spectra 
for the main classes, including highest (green), medium (blue) and lowest (grey green) dhurrin content. Raman 
intensities were normalized for C-H stretching region (2800–3050 cm−1) in order to compare the dhurrin 
content in different classes. (e–h) Integration Raman maps obtained with a sampling density of 1 µm were 
made for the following: (e) C-H stretching band in the region of approx. 2800‒3050 cm−1 showing organic 
constituents present; (f–h) the strongest bands of the dhurrin observed at 867, 1613 and 2249 cm−1, respectively. 
The yellow colour corresponds to the highest relative intensity of the integrated band. All material was prepared 
using cryosections.
www.nature.com/scientificreports/
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Absence of dhurrin in tcd1 mutant plants confirmed by Raman imaging. In contrast to the observa-
tions in the wildtype sorghum coleoptiles, no spectra that showed the characteristic band at 2245 cm−1 from dhur-
rin, or any other band characteristic of dhurrin, were detected in tissues from the tcd1 mutant. This is shown by an 
average spectrum obtained from 50 randomly selected spectra from the vascular bundle in a tcd1 mutant coleoptile 
(Fig. 4). The same profile was obtained for all tcd1 coleoptile sections examined. The main observed spectral bands 
were the doublet at 1600 and 1630 cm−1 from lignin and C-H stretching bands centred around 2900 cm−1 from the 
total organic constituents present in the tissue31,32. There was no evidence of any band at 2245 cm−1 nor the band 
near 856 cm−1 that is characteristic of dhurrin. KMC analysis showed the same result (data not shown). Similarly, 
spectra from maps from other tissue regions in the coleoptile of the tcd1 mutant showed no evidence of dhurrin 
bands (data not shown). These results are consistent with the results of the bulk tissue analysis (Table 2) showing that 
the tissue from the tcd1 mutant plant contains very little dhurrin. Importantly, these trace amounts of dhurrin are 
evidently below the limits of detection by Raman spectroscopy in the tissues examined.
Biological implications of dhurrin distribution observed in wildtype sorghum coleoptiles. 
Chemicals that provide defence against herbivores are typically stored in locations where they provide the most 
benefit to the plant4. The presence of dhurrin in the outer layer of the cotyledon – the epidermis and underlying 
Figure 4. (a) Toluidine blue stained image of the tcd1 coleoptile. The Raman-scanned areas are marked by red 
boxes. Visible images of (b) the epidermis and cortex; (c) vascular bundle; (d) emerging leaf; Corresponding 
Raman images (at 2800–3050 cm−1) of the three tissue types in the tcd1 coleoptile (e–g). The 2245 cm−1 nitrile 
(ν C≡N) band is absent in all tissues, indicating absence of dhurrin. (h) Average spectrum of 50 spectra 
randomly selected from the vascular bundle map. All material was prepared using cryosections.
www.nature.com/scientificreports/
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cortex – provides a first line of chemical defence against attack. Localisation of cyanogenic glucosides to external 
tissues is also seen in cassava33 and for glycoalkaloids in potatoes34. Studies using protoplast isolation also found 
that dhurrin was located in peripheral epidermal cells, but not the outer cortical parenchyma8,23,30. Kojima, et al.8 
notes specifically that very little dhurrin was found associated with bundle sheath cells in their study. The plants 
used in the current study were much younger which may explain this difference35. In the pre-emergent stage, 
young sorghum leaves are different biochemically and anatomically displaying characteristics of C3 photosynthe-
sis rather than the C4 normally found in sorghum33. There were no obvious bundle sheath cells, characteristic of 
C4 plants, in the sections described here.
The highest concentrations of dhurrin are found at the very tip of the cotyledons27. Not only would this protect 
the growing tip from herbivores, it may also be the primary site of synthesis for the developing shoot. In cassava, 
the cyanogenic glucosides are almost exclusively synthesised in the growing tips and then transported to other 
parts of the plant, including the roots, via the phloem36. It is tempting to attribute the location of dhurrin within 
the vascular tissue to the phloem, as cyanogenic glucosides have previously been found to be associated with 
phloem37 and have been reported to be transported in the phloem as diglucosides in several species5 includ-
ing sorghum38. In the current study, the lack of phloem-specific staining in the young cotyledons provides no 
evidence for the presence of a functional phloem (See Fig. 3a). It may be that the dhurrin is associated with the 
vascular cambium and presumptive xylem. The vascular cambium is an area of very active growth and it could be 
that the dhurrin is delivering reduced nitrogen for protein synthesis at this site as known for other actively grow-
ing tissues in sorghum39,40. In black cherries, catabolism of amygdalin during seed germination provides reduced 
nitrogen and carbon for early seedling development36.
The observed alignment of dhurrin in the adpressed cytoplasm and cell walls was unexpected. Cyanogenic 
glucosides have previously been reported present in woody tissue such as the pericarp of developing fruits in 
Macadamia41 and black cherry36. This would not have been observed in studies that used isolated protoplasts, as 
the cell walls are digested away as part of the isolation process.
We explored whether the presence of dhurrin in the cytoplasm could have arisen from leakage from disrupted 
cells by testing for cell viability using Hoechst and TO-Pro stains. These tests confirmed that the cells were intact 
and that the membranes retained their integrity (Supplementary Fig. S1). Separation of dhurrin from the specific 
glucosidase is necessary for the plant to avoid autotoxity. This does not preclude a cytoplasmic location of dhur-
rin, but it would likely require either a tissue level based separation as reported in sorghum and almonds42. In the 
present study, we were unable to resolve whether the dhurrin localized in the cytosol was contained in any kind 
of separate compartment. In cassava, cyanogenic glucosides in the petioles and stems are stored in vesicles in the 
latex, which effectively isolates them from the high concentration of β-glucosidase and hydroxynitrile lyase in the 
latex itself43. The recent discovery of membrane-less organelles44,45 opens up a whole range of new possibilities for 
novel mechanisms for subcellular compartmentalization.
Conclusion
Raman spectroscopy was used to identify the in situ subcellular localization of dhurrin in sorghum in young seed-
lings. In the two different tissue types analysed, dhurrin was localized within the cytoplasm, although at this scale it 
was not possible to see if it is localized to particular organelles or vesicles. This type of spectroscopic analysis requir-
ing no preliminary chemical treatment of the plant material has the potential to transform the understanding of the 
spatial localization of cyanogenic glucosides and other specialized metabolites at the subcellular level in plant tissue.
Methods
Plant material. Sorghum bicolor (L.) Moench seeds of two lines, an inbred parent line (Pacific Seeds, 
Toowoomba Qld., Australia) and the EMS-generated totally cyanide deficient 1 (tcd1) mutant20 were placed on 
gauze covered screens in water27 and germinated in the dark at 22.5 °C for 4–5 days. Coleoptiles were harvested 
and processed directly for sectioning and cyanide assays.
Coleoptiles were frozen at −20 °C in 10 × 10 × 5 mm cryomolds containing the inert support medium 
Tissue-Tek® O.C.T. following Fischer et al.46. The temperature was lowered to −50 °C by immersing the molds 
in isopentane (SIGMA-ALDRICH, Australia, Catalogue #270342,), which had been pre-cooled in liquid nitro-
gen. The samples were kept at ~50–55 °C for 1 min, then placed on dry ice or stored at −80 °C. Transverse sec-
tions (10 µm) were cut on a Leica CM1850 cryostat and placed on poly-L lysine coated slides (Plysine®, Thermo 
Scientific, Australia). Serial sections were used for either Raman imaging or histological analysis.
Raman microspectroscopic mapping. Raman imaging of sorghum tissue sections was performed on a 
WITec confocal CRM alpha 300 Raman microscope (WITec Wissenschaftliche Instrumente und Technologie 
GmbH, Ulm, Germany). At least six tissue sections from coleoptiles of both wild type and tcd1 mutant plants 
were examined. The spectrometer was equipped with an air–cooled solid state laser operating at 532 nm and a 
CCD detector, which was cooled to −65 °C. The laser was coupled to a microscope via a single mode optical fibre 
with a diameter of 50 µm. The scattered radiation was focused onto a multi–mode fibre (50 μm diameter) and a 
monochromator. The integration time for a single spectrum was 2 s with a spectral resolution equal to 3 cm−1 and 
a mapping step distance of 0.5 µm. The laser intensity in the focus spot was <5 mW in all measurements. Raman 
is a transmission spectrum and therefore each measurement interrogates the entire depth of the section at each 
position. The monochromator of the spectrometer was calibrated using the Raman scattering line produced by 
a silicon plate (520.7 cm−1). For Raman map collection a Nikon (x60/1NA) objective was used. Spectra were 
acquired from pure dhurrin24 by placing a few milligrams onto a gold coated glass slide and then using 0.1 mW of 
laser power with 532 nm excitation. Using a 532 nm excitation wavelength of the laser and the numerical aperture 
of the microscope objective of 1NA, the maximal possible spatial resolution is equal to 0.33 µm, however this was 
limited in these experiments to 0.5 µm by the mapping density.
www.nature.com/scientificreports/
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Image analysis. Raman data analysis was performed with OpusTM and WITecsoftwareTM. Raman maps were 
generated based on the integration of marker bands and were obtained without pre–processing. Cluster analysis 
was carried out after cosmic ray spike removal and background subtraction. K–Means Clustering (KMC) results 
were obtained with the Manhattan distance algorithm47 and are complementary to the analysis based on the inte-
gration of the specific marker bands.
Histological methods. Sections adjacent to the ones prepared for Raman imaging were stained with an 
aqueous solution containing 0.05% toluidine blue O in 0.1 M phosphate buffer at pH 6.848. In order to confirm 
the integrity of the cells, additional representative sections were stained with Hoechst (#33342, Thermo-Fisher 
Scientific,) and TO-PRO (#T3605, Thermo-Fisher Scientific)49. Hoechst 33302 is a membrane permeable, nuclear 
stain and can be used to test nuclear damage and cell viability50. TO-PRO-3, another fluorescent stain specific 
for nuclei, is impermeable to live cells but penetrates compromised membranes characteristic of dead cells and 
served as an alternative test of cell viability and integrity.
Hydrogen cyanide assays. Dhurrin concentration was measured as the hydrogen cyanide potential (HCNp) 
on shoots of 3-day-old etiolated seedlings20. Eight replicates of wild type and tcd1 plants were analysed by placing a 
single whole coleoptile (cut into 3 mm segments) into a vial and adding 250 µL β-glucosidase (β-D-Glucoside glu-
cohydrolase, Sigma, EC 3.2.1.21 in 0.1 M citrate buffer pH 5.5) to ensure complete hydrolysis of dhurrin. Tissue was 
disrupted by repeated freeze-thaw cycles. Evolved HCN was captured in 200 µL of 1 M NaOH solution and measured 
as NaCN in a colorimetric assay and the HCNp of the sample determined as mg g−1 dry weight of tissue analysed51.
References
 1. King, D. K., Gleadow, R. M. & Woodrow, I. E. Terpene deployment in Eucalyptus polybractea: relationships with leaf structure, 
environmental stresses, and growth. Functional Plant Biology 31, 451–460 (2004).
 2. King, D. K., Gleadow, R. M. & Woodrow, I. E. Regulation of oil accumulation in single glands of Eucalyptus polybractea. New 
Phytologist 172, 440–451 (2006).
 3. Heraud, P. et al. Focal plane array infrared imaging: a new way to analyse leaf tissue. New Phytologist 173, 216–225 (2007).
 4. McKey, D. Adaptive patterns in alkaloid physiology. American Naturalist 108, 305–320 (1974).
 5. Neilson, E. H., Goodger, J. Q. D., Woodrow, I. E. & Møller, B. L. Plant chemical defence: at what cost? Trends in Plant Science 18, 
250–258 (2013).
 6. Shroff, R., Vergara, F., Muck, A., Svatoš, A. & Gershenzon, J. Nonuniform distribution of glucosinolates in Arabidopsis thaliana 
leaves has important consequences for plant defense. PNAS 105, 6196–6201 (2008).
 7. Heskes, A. M., Lincoln, C. N., Goodger, J. Q. D., Woodrow, I. E. & Smith, T. A. Multiphoton fluorescence lifetime imaging shows 
spatial segregation of secondary metabolites in Eucalyptus secretory cavities. Journal of Microscopy 247, 1365–2818 (2012).
 8. Kojima, M., Poulton, J. E., Thayer, S. S. & Conn, E. E. Tissue distributions of dhurrin and of enzymes involved in its metabolism in 
leaves of Sorghum bicolor. Plant Physiology 63, 1022–1028 (1979).
 9. Bjarnholt, N., Li, B., D’Alvise, J. & Janfelt, C. Mass spectrometry imaging of plant metabolites – principles and possibilities. Natural 
Product Reports 31, 818–837 (2014).
 10. Li, B. et al. Visualizing metabolite distribution and enzymatic conversion in plant tissues by desorption electrospray ionization mass 
spectrometry imaging. The Plant Journal 74, 1059–1071 (2013).
 11. Gierlinger, N. & Schwanninger, M. The potential of Raman microscopy and Raman imaging in plant research—review. Spectroscopy 
21, 69–89 (2007).
 12. Das, R. S. & Agrawal, Y. K. Raman spectroscopy: recent advancements, techniques and applications. Vibrational Spectroscopy 57, 
163–176 (2011).
 13. Spegazzini, N. et al. Spectroscopic approach for dynamic bioanalyte tracking with minimal concentration information. Scientific 
Reports 4, 7013, https://doi.org/10.1038/srep07013https://www.nature.com/articles/srep07013#supplementary-information (2014).
 14. Pandey, R. et al. Discerning the differential molecular pathology of proliferative middle ear lesions using Raman spectroscopy. 
Scientific Reports 5, 13305, https://doi.org/10.1038/srep13305 (2015).
 15. Pandey, R. et al. Noninvasive Monitoring of Blood Glucose with Raman Spectroscopy. Accounts of Chemical Research 50, 264–272, 
https://doi.org/10.1021/acs.accounts.6b00472 (2017).
 16. Thygesen, L. G., Jørgensen, K., Møller, B. L. & Engelsen, S. B. Raman spectroscopic analysis of cyanogenic glucosides in plants: 
Development of a flow injection surface-enhanced Raman scatter (FI-SERS) method for determination of cyanide. Applied 
Spectroscopy 58, 212–217 (2004).
 17. Gleadow, R. M. & Woodrow, I. E. Mini-review: Constraints on effectiveness of cyanogenic glycosides in herbivore defense. Journal 
of Chemical Ecology 28, 1301–1313 (2002).
 18. Gleadow, R. M. & Møller, B. L. Cyanogenic glucosides- synthesis, physiology and plasticity. Annual Review of Plant Biology 65, 
155–185 (2014).
 19. Salzer, R. & Siesler, H. W. Infrared and Raman spectroscopic imaging (Wiley-VCH Verlay GmbH & Co., 2009).
 20. Blomstedt, C. K. et al. A combined biochemical screen and TILLING approach identifies mutations in Sorghum bicolor L. Moench resulting 
in acyanogenic forage production. Plant Biotechnology Journal 10, 54–66, https://doi.org/10.1111/j.1467-7652.2011.00646.x (2012).
 21. Micklander, E. L., Brimer, L. & Engelsen, S. B. Noninvasive assay for cyanogenic constituents in plants by Raman spectroscopy: 
content and distribution of amygdalin in bitter almond (Prunus amygdalus). Applied Spectroscopy 56, 1139–1146 (2002).
 22. Krafft, C., Cervellati, C., Paetz, C., Schneider, B. & Popp, J. Distribution of amygdalin in apricot (Prunus armeniaca) seeds studied 
by Raman microscopic imaging. Applied Spectroscopy 66, 644–649 (2012).
 23. Saunders, J. A. & Conn, E. E. Presence of the cyanogenic glucoside dhurrin in isolated vacuoles from sorghum. Plant Physiology 61, 
154–157 (1978).
 24. Møller, B. L., Olsen, C. E. & Motawia, M. S. General and stereocontrolled approach to the chemical synthesis of naturally occurring 
cyanogenic glucosides. Journal of Natural Products 79, 1198–1202 (2016).
 25. O’Donnell, N. H. et al. Effects of PEG-induced osmotic stress on growth and dhurrin levels of forage sorghum. Plant Physiology and 
Biochemistry 73, 83–92 (2013).
 26. Gleadow, R. M. et al. Drought–induced changes in nitrogen partitioning in sorghum are not moderated by elevated CO2 in FACE 
studies. Field Crops Research 185, 97–102 (2016).
 27. Halkier, B. A. & Møller, B. L. Biosynthesis of the cyanogenic glucoside dhurrin in seedlings of Sorghum bicolor (L.) Moench and 
partial purification of the enzyme system involved. Plant Physiology 90, 1552–1559 (1989).
 28. Stana, I. O., Cachiţă- Cosma, D. & Mihali, V. C. Morpho-anatomic transformation of the sweet sorghum (Sorghum bicolor (L.) Moench 
subsp. bicolor) embryo, in the first days of germination. Studia Universitatis “Vasile Goldiş”, Seria Ştiinţele Vieţii 21, 751–760 (2011).
www.nature.com/scientificreports/
9SCiENTiFiC RePoRts |  (2018) 8:2691  | DOI:10.1038/s41598-018-20928-7
 29. Thayer, S. S. & Conn, E. E. Subcellular localisation of dhurrin β-glucosidase and hydroxynitrilelayse in the mesophyll cells of 
sorghum leaf blades. Plant Physiology 67, 617–622 (1981).
 30. Wurtele, E. S., Thayer, S. S. & Conn, E. E. Subcellular localization of a UDP-glucose:aldehyde cyanohydrin β-glucosyl transferase in 
epidermal plastids of Sorghum leaf blades. Plant Physiology 70, 1732–1737 (1982).
 31. Gierlinger, N., Keplinger, T. & Harrington, M. Imaging of plant cell walls by confocal Raman microscopy. Nature Protocols 7, 
1694–1708 (2012).
 32. Séné, C. F. B., McCann, M. C., Wilson, R. H. & Crinter, R. Fourier-Transform Raman and Fourier-Transform Infrared Spectroscopy: 
an investigation of five higher plant cell walls and their components. Plant Physiology 106, 1623–1631 (1994).
 33. Bellotti, A. C. & Riis, L. Cassava cyanogenic potential and resistance to pests and diseases. Acta Horticulturae 375, 140–150 (1994).
 34. Ha, M. Y., Kwak, J. H., Kim, Y. S. & Zee, O. P. Direct analysis for the distribution of toxic glycoalkaloids in potato tuber tissue using 
matrix-assisted laser desorption/ionization mass spectrometric imaging. Food Chemistry 133, 1155–1162 (2012).
 35. Miller, R. E., Gleadow, R. M. & Cavagnaro, T. R. Age versus stage: does ontogeny modify the effect of phosphorus and arbuscular 
mycorrhizas on above- and below-ground defence in forage sorghum? Plant, Cell and Environment 37, 929–942 (2014).
 36. Swain, E., Li, C. P. & Poulton, J. E. Tissue and subcellular localization of enzymes catabolizing (R)-amygdalin in mature Prunus 
serotina seeds. Plant Physiology 100, 291–300 (1992).
 37. Seigler, D. S. Primary roles for secondary compounds. Biochemical Systematics and Ecology 5, 195–199 (1977).
 38. Selmar, D., Irandoost, Z. & Wray, V. Dhurrin-6′-glucoside, a cyanogenic diglucoside from Sorghum bicolor. Phytochemistry 43, 
569–572 (1996).
 39. Pičmanová, M. et al. A recycling pathway for cyanogenic glycosides evidenced by the comparative metabolic profiling in three 
cyanogenic plant species. Briochemical Journal 469, 375–389 (2015).
 40. Nielsen, L. J. et al. Dhurrin metabolism in the developing grain of Sorghum bicolor (L.) Moench investigated by metabolite profiling 
and novel clustering analyses of time-resolved transcriptomic data. BMC Genomics 17, 1021 (2016).
 41. Vivian-Smith, V. Cyanogenesis and the fruit growth of three Macadamia species BSc(Hons) thesis, The University of Queensland, (1995).
 42. Frehner, M., Scalet, M. & Conn, E. E. Pattern of the cyanide-potential in developing fruits: implications for plants accumulating 
cyanogenic monoglucosides (Phaseolus lunatus) or cyanogenic diglucosides in their seeds (Linum usitatissimum, Prunus 
amygdalus). Plant Physiology 94, 28–34 (1990).
 43. Jørgensen, K. et al. Cassava plants with a depleted cyanogenic glucoside content in leaves and tubers. distribution of cyanogenic 
glucosides, their site of synthesis and transport, and blockage of the biosynthesis by RNA interference technology. Plant Physiology 
139, 363–374, https://doi.org/10.1104/pp.105.065904 (2005).
 44. Nott, T. J., Craggs, T. D. & Baldwin, A. J. Membraneless organelles can melt nucleic acid duplexes and act as biomolecular filters. 
Nature Chemistry 8, 569–575 (2016).
 45. Choi, Y. H. et al. Are natural deep eutectic solvents the missing link in understanding cellular metabolism and physiology? Plant 
Physiology 156, 1701–1705 (2011).
 46. Fischer, A. H., Jacobson, K. A., Rose, J. & Zeller, R. Cryosectioning Tissues. CSH Protocols 3, https://doi.org/10.1101/pdb.prot4991 (2008).
 47. Scott, A. J. & Knott, M. A cluster analysis method for grouping means in the analysis of variance. Biometrics 30, 507–512 (1974).
 48. O’Brien, T. P., Feder, N. & McCully, M. E. Polychromatic staining of plant cell walls by toluidine blue O. Protoplasma 59, 368–373 (1964).
 49. Suzuki, T., Fujikura, K., Higashiyama, T. & Takata, K. DNA staining for fluorescence and laser confocal microscopy. Journal of 
Histochemistry and Cytochemistry 45, 49–53 (1977).
 50. Chazotte, B. Labeling nuclear DNA with Hoechst 33342 Cold Spring Harbour Protocols (2011).
 51. Woodrow, I., Slocum, D. & Gleadow, R. Influence of water stress on cyanogenic capacity in Eucalyptus cladocalyx. Functional Plant 
Biology 29, 103–110 (2002).
Acknowledgements
We thank Mohammed Saddik Motawie, Plant Biochemistry, The University of Copenhagen for provision 
of purified dhurrin. Bayden Wood and Rob Bryson-Richardson, Monash University for advice in sample 
preparation. Rosemary White (CSIRO) for advice on interpreting the light micrographs and Alicia Quinn for 
technical assistance. Mutants were developed in a project led by RMG funded by Australian Research Council 
LP0774941 and LP100100434 in collaboration with Pacific Seeds. This project was funded in part by an 
Australian Research Council DP130101049 to RMG and BLM. KMM acknowledges financial support from a 
Go8 Fellowship, enabling a research stay at Monash University.
Author Contributions
P.H., M.C., C.B. and R.G. planned and designed the experiment. P.H., K.M.M., M.C. and C.B. performed the 
biospectroscopy and microscopy studies and analysed the data. R.G., C.B. and B.L.M. developed the mutants used 
in the experiments, provided expert knowledge and interpretation of data. All authors contributed to the writing 
of the manuscript.
Additional Information
Supplementary information accompanies this paper at https://doi.org/10.1038/s41598-018-20928-7.
Competing Interests: The authors declare no competing interests.
Publisher's note: Springer Nature remains neutral with regard to jurisdictional claims in published maps and 
institutional affiliations.
Open Access This article is licensed under a Creative Commons Attribution 4.0 International 
License, which permits use, sharing, adaptation, distribution and reproduction in any medium or 
format, as long as you give appropriate credit to the original author(s) and the source, provide a link to the Cre-
ative Commons license, and indicate if changes were made. The images or other third party material in this 
article are included in the article’s Creative Commons license, unless indicated otherwise in a credit line to the 
material. If material is not included in the article’s Creative Commons license and your intended use is not per-
mitted by statutory regulation or exceeds the permitted use, you will need to obtain permission directly from the 
copyright holder. To view a copy of this license, visit http://creativecommons.org/licenses/by/4.0/.
 
© The Author(s) 2018
